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Abstract Background. Fatty liver is an early sign of both nonalcoholic
and alcoholic fatty liver diseases. Ethanol feeding using a LieberDeCarli liquid diet (LD) model which contains 35% fat to rats or
mice is a well-established model for alcoholic fatty liver. However,
LD diet alone can also induce fatty liver and its differential metabolic
profile may be able to differentiate steatosis induced by LD versus
LD plus ethanol. Purpose. We investigated the lipidomic differences
in the livers of Sprague-Dawley (SD) rats fed a pellet diet (PD),
LD, and liquid ethanol diet (LED) for six weeks. Study design. Male
Sprague Dawley rats were fed with nonalcoholic diets PD, LD or LED
(ethanol in LD) for six weeks. Lipids were extracted and analyzed
by nuclear magnetic resonance (NMR)-based metabolomics. The
NMR data obtained was analyzed by multivariate principal component
analysis (PCA) and Spotfire DecisionSite 9.0 software to compare
PD versus LD and LD versus LED groups. Results. PCA of the
NMR spectral data of livers of both comparisons showed a clear
separation of PD from LD group and LD from LED group indicating
differences in lipid profiles which corresponded with changes in
total lipid weights. LD showed increases for cholesterol, esterified
cholesterol, cholesterol acetate, and triglycerides with decreases for
fatty acyl chain, diallylic, and allylic protons, while the LED showed
increases in esterified cholesterol, cholesterol acetate, fatty acid methyl
esters, allylic protons, and some triglyceride protons with decreases in
free cholesterol and phosphatidylcholine (PC). Conclusion. Our data
suggest that altered lipid signature or PC levels could be an indicator
to differentiate between nonalcoholic versus alcoholic fatty liver.
Keywords alcoholic fatty liver; nonalcoholic fatty liver; steatosis;
phosphatidylcholine; lipids

1. Introduction
Hepatic steatosis (fatty liver) is an early sign of nonalcoholic
and alcoholic fatty liver diseases (NAFLD and AFLD,
resp.), leading to steatohepatitis, fibrosis, and cirrhosis
and in some cases hepatocellular carcinoma, if not
controlled/reversed. To mimic the alcohol abuse, LieberDeCarli liquid diet (LD) has been extensively used in
rats/mice. Lieber-DeCarli ethanol liquid diet (LED)
model which leads to fatty liver contains ∼ 30% fat
somewhat similar to the amount consumed by humans [1,

2]. Hence LD itself is capable of inducing steatosis.
Therefore, metabolomics is used to distinguish the lipidomic
differences by which steatosis is induced by LD and/or LED.
Lipid molecules in living cells, tissues or organisms
are critically important for many biological functions.
Application of one of the advanced analytical techniques for
lipids analyses is “lipidomics”. This approach demonstrated
a critical role of lipids and lipid-based molecular signatures
in many human diseases including diabetes, metabolic
syndrome (risk of developing atherosclerosis, inflammation,
and hypertension), neurodegenerative disease, and cancer [3]. Lipid dysregulation and its transport appear to be in
an early stage of alcoholic liver disease. Lipidomics could
identify compositional changes among various lipid classes
in nonalcoholic and alcoholic liver diseases which could
serve as a diagnostic biomarker for hepatic steatosis and
can further support the discovery and development of novel
medications for the treatment of alcohol-related adverse
conditions.
The metabolome refers to the total metabolites present
in a biological sample [4, 5]. In order to characterize the
metabolites present in a given system (cells, tissues or bio
fluids), proton nuclear magnetic resonance spectroscopy
(1 H-NMR) or mass spectrometry in combination with
multivariate statistical analysis has been extensively used [6,
7, 8, 9, 10, 11, 12]. However, much of the work has been
targeted towards identifying the polar metabolites while less
attention is given to the lipids, in general, due to the lack of
databases for the analysis of specific lipid molecules. Lipids
play an important role in energy storage, cellular structure,
and signaling. Thus differential distributions of lipids as a
result of diet, ethanol or other factors are important in the
etiopathogenesis of alcoholic fatty liver. In our previous
work, we studied hepatic lipid profiling after ethanol
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feeding in rats and mice under various scenarios [13, 14, 15,
16]. The altered lipids were found to be cholesterol, fatty
acids, phospholipids, and triglycerides when LD group was
compared with LED group. In this study, we investigated
the lipidomic differences in the livers of Sprague-Dawley
rats fed a pellet diet (PD), LD, and LED for six weeks to
evaluate various lipids altered in ethanol-induced fatty liver
versus high fat diet using 1 H-NMR metabolomics.
2. Materials and methods
2.1. Animals and treatment
Sprague-Dawley (SD) male rats (6–7 weeks old) were
purchased from Harlan (Indianapolis, IN, USA). Animal
experimentation was performed in accordance with the
protocol approved by Institutional Animal Care and Use
Committee of the University of Texas Medical Branch,
USA, and followed the NIH Guidelines for care and use
of laboratory animals. Rats were housed in humidity and
temperature-controlled animal room with automatic 12 h
light/dark cycles and the experiment was carried out as
described previously [13, 14, 15, 16]. After one week of
acclimatization, rats were divided into three groups (6–7
animals in each group).
We included PD as a control group fed normal pellet
diet, Lieber-DeCarli LD as a high-fat diet group, that can be
a surrogate for a NAFLD model, and LD diet with ethanol
as an AFLD model. Comparison of these groups provided
different lipidomic profiles. We did not include PD + ethanol
group in this study because ethanol pair feeding would have
included additional variables. The first group was fed with
a pellet diet (Prolab RMH 2500, 5P14; Labdiet, St. Louis,
MO, USA) (fat 12% calories), and the other animals were
pair-fed with a regular Lieber-DeCarli LD (Dyets Cat.
#710260, Dyets Inc., Bethlehem, PA, USA) (Carbohydrates
(11% of calories), protein (18%), fat (35%)) and alcohol
or maltose dextrin (36%) (Dyets Cat. #402851) [17]. The
amount of ethanol in the LD was increased gradually from
1% to 5% and then maintained at 5% up to six weeks. The
diets were freshly prepared and changed daily with the
consumption recorded on daily basis while the weights of
animals were recorded on weekly basis. All animals were
sacrificed at the end of six weeks by intraperitoneal injection
of Nembutal (sodium salt, 100 mg/kg body weight). The
blood from each animal was withdrawn from the heart
in heparinized tubes, centrifuged at 1,000 g for 10 min to
obtain the plasma, and stored at −80 °C until analysis.
The livers were harvested and processed as shown in the
following subsection.
2.1.1. Liver pathology
The liver from each animal was harvested, grossly examined, and weighed. Two small sections of the liver from the
left lobe were cut, one frozen in liquid nitrogen and the other
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stored in 10% buffered formalin for tissue section cutting
and hematoxylin and eosin (H&E) staining and remaining
parts of the liver stored at −80 °C. The steatosis was graded
by histological examination for accumulation of fat in the
hepatocytes and confirmed by Oil Red O staining for lipid
deposition as described earlier in [16, 18].
2.1.2. Liver injury markers
The plasma samples were analyzed for hepatic injury
markers using alanine aminotransferase (ALT/SGPT LiqUV), alkaline phosphatase (ALP Liquicolor), and lactic
dehydrogenase (LDH-Liq-UV) kits from Stainbio Laboratory, Boerne, TX, USA and aspartate aminotransferase
(AST/SGOT) reagent kit from TECO diagnostics, Anaheim,
CA, USA as used previously [16].
2.2. Extraction of lipids from livers and NMR analysis
Frozen liver (250 mg) was homogenized in 1.5 mL of
methanol and extracted with methyl tert-butyl ether (MTBE)
(5 mL) and water (1.25 mL) as described previously [11,
12]. The organic phase was dried under nitrogen to constant
weight and the dried residue dissolved in deuterated
chloroform containing tetramethylsilane (TMS) as an
internal standard (Sigma-Aldrich, WI, USA) [13, 14, 15].
The final volume of the sample was made up to 750 μL in
a 5 mm NMR tube (Wilmad Lab glass, NJ, USA). 1 H-NMR
spectra were obtained using an 800 MHz Varian NMR spectrophotometer (Varian Inc., CA, USA). The chemical shifts
of clearly identifiable peaks were assigned to various lipids
by comparing the published values on lipids as described
previously [13, 14, 15, 19, 20, 21, 22, 23, 24, 25, 26, 27, 28, 29].
2.2.1. Pattern recognition analysis
All 1 H-NMR data were reduced to integral regions of equal
width of 0.01 ppm using an “in house” VNMR macro and
the spectral regions between δ = 0.2 ppm and δ = 6.2 ppm
[13, 14]. Baseline corrections were also performed using
the same macro. The acquired NMR data were subjected
to multivariate statistical analysis. The integrated data
were further analyzed using the Spotfire DecisionSite 9.0
software (TIBCO Spotfire, Somerville, MA, USA).
2.3. Statistical analysis
The data were analyzed for statistical significance using Student’s t-test and ANOVA or Student-Newman-Keul’s multiple comparison tests and P value ≤ 0.05 was considered
significant.
3. Results
3.1. Animal health and liver histology
The effects of PD, LD, and LED on body weights were not
statistically significant (given in supplementary Figure 1).
H&E and Oil Red O staining of the liver sections of rats fed
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(a)
(a)

(b)
(b)

Figure 1: (a) The upper panel represents the H&E stained
liver sections of PD, LD, and LED of SD rats fed 5%
ethanol, respectively (original magnification X20) while
the lower panel represents the Oil Red O stained liver
sections of the same rats fed the three different diets
(original magnification X40). Increased vacuolization and
fat deposition were observed in the liver sections of LED.
(b) Total dry lipid weights of livers of rats fed 5% ethanol
daily for six weeks (∗ P value = .05 indicates significant).
Data represent the mean ±SD of n = 6 or 7.
the three diets are shown in Figure 1(a). Smaller fat accumulation was seen in the rats fed with PD as compared to the
LD and LED. Mild fatty deposits were seen in the LD and
LED fed rats while midzonal fatty infiltration was seen only
in the rats fed LED. Lipid accumulation was further confirmed by the Oil Red O staining [16]. Lipid accumulation in
the liver quantified by weighing extracted lipids to a constant
dry weight and Oil Red O staining was used to demonstrate
accumulation of lipids in hepatocytes. The grading scale of
Tsukamoto et al. [18] as applied in our previous study could
not differentiate between PD and LD groups because grade
1 indicates a wide range of 0%–25% hepatocytes with lipid
droplets whereas differentiation in hepatocytes fat deposition was quantifiable in PD and LD groups by weighing
extracted lipids dry weight from the liver.
The dry lipid weights of the livers shown in Figure 1(b) are consistent with the histological findings. No
inflammation was observed in any group. Among liver
injury markers (ALT, AST, ALP, and LDH) only ALT was

(c)

Figure 2: (a) Representative superimposed one-dimensional
1 H-NMR spectra (800 MHz) of lipid extracts from livers
of PD and LD rats between −0.2 ppm and 5.5 ppm.
TMS = 0.0 ppm PD (black) and LD (green). (b) Representative superimposed one-dimensional 1 H-NMR spectra
(800 MHz) of lipid extracts from livers of PD and LED rats
between −0.2 ppm and 7.2 ppm. TMS = 0.0 ppm PD (black)
and LED (red). (c) Representative superimposed onedimensional 1 H-NMR spectra (800 MHz) of lipid extracts
from livers of LD and LED rats between −0.2 ppm and
5.5 ppm. TMS = 0.0 ppm LD (green) and LED (red).
significantly increased in LED group as compared to LD
(data not shown). Increase in ALT level in plasma reflects
only significant fatty changes as observed in LED group
indicating initiation of liver injury as reported [30].
3.2. 1 H-NMR of liver lipids of rats fed different diets
Figure 2 shows the overlapping of representative NMR
spectra of liver lipids from PD versus LD, PD versus LED,
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Figure 3: (a) PCA analysis of 1 H-NMR spectral data of lipids extracted from livers of PD (closed squares), LD (closed
circles) and LED (closed triangles) fed SD rats for six weeks at P = .01. The two-dimensional plot of the data shows a clear
separation of the PD fed rats from that of LD and LED fed rats. Herein, each point represents a value calculated from an
individual spectrum. (b) PCA analysis of 1 H-NMR spectral data of lipids extracted from livers of PD (closed squares) and
LD (closed circles) fed SD rats for six weeks at P = .01. The two-dimensional plot of the data shows a clear separation
of the PD fed rats from that of LD fed rats. (c) PCA analysis of 1 H-NMR spectral data of lipids extracted from livers of
LD (closed circles) and LED (closed triangles) fed SD rats for six weeks at P = .01. The two-dimensional plot of the data
shows a clear separation of five LD fed rats from the LED fed rats. Herein, each point represents a value calculated from an
individual spectrum. The significant changes associated with PD versus LD, PD versus LED, and LD versus LED are shown
in Table 1.
and LD versus LED groups. The peaks of the representative
spectra were assigned by comparison of chemical shifts to
spectra reported in the literature as described in Section 2.
Visual inspection of the spectra shows a clear difference
between LD versus PD, LED versus PD, and LED versus
LD groups. However, the differences are more pronounced
in PD versus LED group than other comparisons. These
changes correspond with the observed dry lipid weights
(Figure 1(b)). To differentiate lipids patterns associated with
different diets, multivariate data analysis was performed.
The principal component analysis (PCA) profiles (Figure 3)
of the lipids extracted from the livers of PD, LD, and LED

groups show that in all comparisons, the separation of
PD from either the LD or LED groups suggests that lipid
profiles are altered either by LD or LED (Figures 3(a) and
3(b)). Figures 3(a) and 3(b) show the separation of LD and
LED from PD, and Figure 3(c) shows the separation of
LD from LED, which represents the effect of ethanol. In
the comparison of LD versus LED, all rats were clustered
together and are consistent with observed changes in
signal intensities. Significant differences in the various
comparisons could be observed at P values of 0.0001 for
PD/LED, 0.001 in the PD/LD, while P values of 0.05 for
the LD/LED comparison.
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Table 1: Summary of altered significant lipid groups in the livers of high-fat diet versus PD, high-fat ethanol diet versus PD,
and ethanol versus LD controls.
Lipid metabolite

Chemical shift (ppm)

Cholesterol (total)
Cholesterol (C14 free)
Free cholesterol
Esterified cholesterol
Cholesterol/fatty acyl chain
−CO−CH2 CH2 −
C3H of esterified cholesterol
Cholesterol acetate (2.03)

0.68
0.97–0.99
1.01
1.02
1.55–1.59

PD versus LD (% change)
(P ≤ .005)
+20
−30, −39, −21
−12
+53
−21, −25, −26, −24

4.61–4.63
2.00–2.03

NS
+135, +162, +165, +76

Triglyceride −C−1H2 in glycerol backbone
Triglyceride −C−3H2 in glycerol backbone
Triglyceride −C−2H in glycerol backbone
C−3H in glycerol phospholipid
backbone

4.15–4.16
4.29–4.30, 4.31
5.26–5.27
3.92, 3.93, 3.98,
4.04, 3.99–4.03

+52, +66
+124, +100, +64
+97, +121
−30, −37, −41, −25

C−1H in glycerol phospholipid
backbone
C−2H of glycerol phospholipid
backbone
Terminal CH3 gps in fatty acyl chain
CH2 in fatty acyl chain C4 and
beyond (sat)

4.05–4.13, 4.03–4.05,
4.08, 4.09, 4.12, 4.13
5.20–5.21, 5.24, 5.21–
5.24, 5.22–5.23, 5.24
0.89
1.25, 1.26

−37, −44, −45, −43, −41, −42, −35, −36, −41,
−46, −45, −41, −29
−40, −34, −34
−52, −35, −24
−39, −40, −43, −41

−10 (4.14)

+13
−9 (1.25)

+19
−16 (1.26)

+5
−12, −7

CH2 in fatty acyl chain C4 and
beyond (sat)
Fatty acyl chain −COCH2 CH2 CH2 −
CH2 in acyl C3 (saturated chain)
or COCH2 CH2
−COO−CH2 −CH2 −CH2 −CH−CH−

1.27–1.31

+22, +31, +25, +32, +41

1.32–1.34
1.60–1.63

+51, +71, +47
+27, +93, +116, +96

+24, +39, +28, +43,
+56
+70, +91, +67
+32, +120, +157,
+128

+6 (1.28), +9 (1.30),
+10 (1.31)
+12, +12, +13
+27, +93, +116, +96

Fatty acyl chain −CO−CH2 CH2 −

1.67
2.24, 2.25

−22
−25, −28, −26 (2.28)

Fatty acyl chain −CO−CH2 CH2 −
Fatty acyl chain −CO−CH2 CH2 −

2.30–2.33, 2.31–2.33
2.36–2.39

+19, +57, +73, +20
−22, −30, −37, −38

−31
−39, −36, −32 (2.28),
−37 (2.29)
+18, +80, +100, +32
−28, −40, −41, −34

−22
−19 (2.24), +11 (2.26),
+13 (2.27), −22 (2.29)
+15, +16, +10
−10 (2.34), −18 (2.35),
−14 (2.37)

−O−CH3 in methyl ester
Allylic −CH−CH−CH2 −

3.78–3.81
2.0–2.03

NS
+135, +162, +165, +76

NS
+163, +206, +212,
+105

+22, +59, +123, +122
+12, +17, +18, +17

Allylic −CH−CH−CH2 −

−15, −14, −9, −13,
−32, −32, −21
2.76, 2.77, 2.80–2.86, −35, −21, −17, −14, −17,
2.74–2.77, 2.80
−21, −22, −34, −46
5.34–5.35
+24, +32

−13, −11, −7, −11,
−33, −30, −27
−80, −65, −36, −16,
−24
+29, +42

NS

Diallylic −CH−CH2 −CH−
CH−CH in fatty acyl chain
(unsaturated fatty acid)
CH−CH in fatty acyl chain
(unsaturated fatty acid)
−N−CH2 − of
phospatidylethanolamine
P−O−CH2 − in choline/sphingomyelin
−N+ (CH)3 of choline/sphingomyelin
−CH2 −O−P in PE/LPE and/or
POCH in PS
−N+ (CH)3 of PC
−CH2 −N+ (CH)3 of PC
P−O−CH2 − in phosphatidylcholine

2.04–2.10

PD versus LED
(% change) (P ≤ .0005)
NS
−29, −42, −22
−21
+78
−22, −24, −32, −33,
−25
NS
+163, +206, +212,
+105
+49, +68
+183, +138, +116
+119, +167
NS

LD versus LED
(% change) (P ≤ .05)
NS
NS
−10
+16
−12 (1.59)
+48, +48, +53
+12, +17, +18, +17
NS
+26 (4.29), +31 (4.31)
NS
−45, −63, −63, −51,
−34

−26, −34, −21

−10 (2.81)
+7 (5.35)

5.36–5.39, 5.37–5.39

−6, −13, −18, −19

−13, −19, −20

NS

3.19, 3.20

−56, −38

−41 (3.20), −41 (3.25)

+54 (3.19), −40 (3.21),
−47 (3.22)

4.32–4.34, 4.29–4.31, −39, −46, −56
4.36, 4.37
3.30–3.33
NS
3.94–3.97
NS

+183, +138, +116

+108, +40

NS
−41 (3.98)

+49, +109, +103, +215
+53, +98, +128, +85

3.35
3.84–3.86
4.39–4.43

NS
NS
−62 (4.43)

−86
−69, −69, −70
−34, −56, −77, −70,
−48

NS
NS
NS

NS = not significant.
The changes in PD versus LD, PD versus LED and LD versus LED are shown in normal font, italics and bold. If in a region ppm’s were shifted,
the bin values were marked with different fonts.
% change is calculated with the corresponding formula (or equation). For example % change A versus B = bin integration value of
(B − A)/A ∗ 100. In each case, the A serves as a control for the comparison and we identified the changes of B with respect to A.
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Figure 4: Intensity of the NMR signal at 3.35 ppm for rats
fed the three different diets showing the differences among
the three diets. (∗ P -value = .05 indicates significant). Data
represents the mean ±SD of n = 6 or 7.
The changes in the NMR signal intensities and
clustering patterns resulted in identification of different
lipids as shown in Table 1. In all comparisons (PD vs. LD,
PD vs. LED, and LD vs. LED), the NMR signals corresponding to esterified cholesterol (1.02 ppm) and cholesterol
acetate (2.03 ppm) were higher in LED group. Protons
corresponding to triglycerides were also significantly
increased in LD and LED groups compared to PD group.
Other increased signals were corresponding to terminal
−CH3 , protons of saturated and unsaturated carbons,
and allylic protons. Protons related to phospholipids are
also shown in Table 1. The protons of the −O−CH3
group increased only in LD versus LED comparison. The
decreased signals resulted for free cholesterol, and protons
of the phospholipid backbone in all the three comparisons,
while phosphatidylcholine (PC)-related protons showed a
decrease only in the LD versus LED comparison (Figure 4).
Other signals of interest include changes observed in
protons of −CH2 −CO− corresponding to the fatty acids.
To compare the changes associated with fatty liver due
to high fat diet or due to ethanol we considered the changes
described in columns 1 (PD vs. LD) and 3 (LD vs. LED) of
Table 1, and it showed changes in free cholesterol, esterified
cholesterol, and cholesterol acetate, and the changes associated with lipid backbone of phospholipids and many other
lipids are similar in both groups. Changes in triglyceride
protons are more pronounced in LD group (high fat diet)
than in the ethanol (LED) while changes associated with
methyl ester protons, PC, and phosphatidylethanolamine
(PE) are more dominant in the LED group.
4. Discussion
The alcohol-induced fatty liver development and progression studies have extensively used Lieber-DeCarli LD model
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in mice or rats [17, 31, 32, 33]. In our earlier work, we used
LD model and compared the changes in animals fed ethanol
in high-fat liquid diet (LED) [12, 13, 14, 15]. However, we
did not compare with a PD as control to differentiate the
changes in ethanol-fed animals originating from high-fat LD
itself [13, 14, 16]. Formation of greater amounts of triglyceride represents a protecting role by blunting the flux of free
fatty acids related to toxicity in the liver [34]. Fatty acids are
known to cause injury via oxidative stress and inflammatory
pathways [35].
In the present work, we evaluated how the fat diet and
ethanol play a role in liver toxicity. Understanding the mechanism of fatty liver formation due to the diet is also important because of increased consumption of high-fat diet leading to NAFLD, obesity, and diabetes [36, 37, 38, 39]. Hepatic
steatosis is reported ∼ 70% among type 2 diabetic patients
with symptoms of the metabolic syndrome [40]. Dietary fat
plays a critical role in the pathogenesis of NAFLD and ALD.
Most of the NAFLD models utilize diets containing 20%–
60% fat calories that are mainly derived from saturated fats.
However, LD is composed of mainly unsaturated fats containing corn, olive, and safflower oils providing 35% of total
calories. PD, used as a standard control diet in our experiment, is a versatile rodent diet designed for laboratory rat.
Fat in the PD mostly comes from porcine animal fat, soya
bean oil, saturated fatty acid, monounsaturated fatty acids
by providing ∼ 12% calories via fat. Dietary saturated fat
has a protective effect whereas dietary unsaturated fat has
deleterious effects on alcohol-induced liver pathology [41,
42, 43]. However, the underlying mechanism(s) by which
different types of dietary fat potentiate or attenuate ALD is
not fully understood.
To differentiate the hepatic steatosis occurring due
to high-fat diet or ethanol consumption is not currently
available and diagnosis is largely confined to the patient’s
history of alcohol consumption. Therefore, it is important
to device a method which can differentiate the genesis of
hepatic steatosis using noninvasive methods. Metabolomics
offers one such approach to identify a panel of biomarkers
which could be promising [4, 44, 45, 46] in the event where
identifying a single biomarker molecule was not successful.
We employed proton NMR spectroscopy in conjunction
with multivariate statistical analysis to identify the altered
lipids associated with high fat LD and LED. A study
of this nature is necessary as we need to understand and
distinguish the lipidomic changes arising from a fatty diet or
due to consumption of alcohol with high fat LD. Our study
indicates that even though we did not observe a statistically
significant difference in the body weight of the three groups
of animals fed either PD, LD or LED, however various diets
have differentially caused changes in the liver histology.
The fat deposits observed by H&E staining and confirmed
by Oil Red O staining were consistent with altered lipid
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profiles. Interestingly, the lipid groups altered by LD or
LED showed varied patterns. LD itself has a potential to
induce varied patterns of ethanol-induced disease [31]. In
our earlier work, 5% ethanol in LD was fed to rats and
pattern recognition analysis was performed to differentiate
the lipid profiles involved in progressive alcoholic fatty
liver using Fischer rats after feeding ethanol for six weeks
and one, two, and three months [13, 14, 16]. In this study,
Sprague-Dawley rats were monitored for fatty changes
after six weeks of ethanol exposure and compared with
PD group to determine the changes associated with diet
and ethanol. In most alcohol-related experiments, LieberDeCarli LD is used and the amount of calories from ethanol
is substituted by maltose-dextrin as control. However, as
shown in supplementary Table 1, the calories from fat
content in LD and LED groups are both at 35% while in PD
only 12%. The carbohydrate and protein-related calories
are higher in PD while remained similar in LD and LED.
The other major difference in LED and LD groups was
alcohol (36% calories) in LED while it is substituted by
maltose-dextrin in LD. In LED, 36% calories are derived
from 5% alcohol is substituted in LD by adding maltose
dextrin to provide equivalent calories.
So far there is no proper definition of high-fat diet [47].
Currently, different high calorie diets with fat percentages
varying from 20% to 60% originating from different
sources are used as high-fat diets [48]. In an earlier work
on metabolic profiling of urine using NMR spectroscopy
for diet-induced obesity in a mouse model, high-fat (HF)
and high carbohydrate (HC) diets were used [7]. The HC
diet caused a slow rate of weight gain and resulted in the
activation of the tricarboxylic acid cycle [7]. However, the
HF diet affected the nicotinamide metabolism. Ethanol
containing LD is relatively more suitable for mimicking
fatty liver injury while the catabolism of ethanol is about
five times higher in rodents than those in humans. It has been
shown previously that LD induces fatty liver in mice after
four weeks of feeding and hence our results are consistent
with earlier findings [47]. The intrahepatic free fatty
acid metabolism in humans and animal models are highly
complex. Fatty acid concentrations in the liver are controlled
by many factors such as dietary intake, intrahepatic storage,
β-oxidation, and export of newly synthesized fatty acids.
So searching a biomarker profile in the livers of animals fed
LD or LED resulting in fatty liver is rather complex.
Our finding that altered lipid signatures of PC decreases
in LED group as compared to LD and PD groups is
consistent with our earlier findings, where decreases in
PC in LED as compared to LD group was observed
in the liver and plasma [13]. Therefore, decreased PC
levels in the liver as well as in the plasma can be a
consistent observation in LED group, which offers an
opportunity to be explored for identification of alcoholic
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fatty liver from NAFLD, a distinguishing feature between
alcoholic versus nonalcoholic fatty liver. Further evidence
to such observation can be supported by supplementing
the finding with the analysis of circulating biomarkers of
alcohol consumption [49]. Since PC is formed via different
mechanisms together with its conversion to triglycerides,
we speculate that decreased formation of PC is attributed
to reduced methylation via PE primarily due to decreased
levels of cofactor S-adenosyl methionine in alcoholics [50,
51, 52]. PC and PE are major phospholipids found in
mammalian cell membrane. The ratio of PC to PE is a
regulator of cell membrane integrity and function. Increased
PE exposure on cell surface causes a loss of membrane
integrity and decreased PC/PE ratio plays a key role in
progress of steatosis into steatohepatitis. This has clinical
relevance since patients with nonalcoholic steatohepatitis
have a decreased ratio of PC to PE compared to the control
livers [53]. Similarly, lipid dysregulation influences the
membrane integrity that leads to toxic metabolites released
in hepatic parenchyma and provides a lipid signature in
nonalcoholic steatohepatitis patients [54]. However, before
exploring the effect of decreased PC as an indicator/marker
of alcoholic fatty liver, these present findings in our study
need to be further confirmed with a large number of animals
and patient studies by targeted analysis of PC.
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